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Abstract 
 
Nannochloropsis sp. is a microalga of particular interest for the production of lipids containing omega 3 - fatty acids, 
specifically eicosapentaenoic acid (EPA), a fatty acid mostly found in the flesh of cold-water fish and crustaceans with 
high importance in human health. Because of the rigid cell wall structure of Nannochloropsis sp., the extract of EPA 
requires specific methods. There are certain critical points regarding lipidic extraction: the application in food and 
feed, and the fractionation methods that provide a high recovery rate of EPA. Therefore, green extraction methods have 
recently gained more and more interest, having minimal environmental and health impacts, as they use less or no 
organic solvents, being sustainable productive, and efficient. The methods used for lipid extraction should ensure that 
during the process, the lipid extraction is obtained without influencing the fatty acid composition. The purpose of this 
review is to summarize the existing research parameters regarding different green extraction methods applied for 
obtaining lipid fractions, emphasis on supercritical fluid extraction, ultrasound-assisted extraction, and accelerated 
solvent extraction methods. 
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INTRODUCTION 
 
As it is presented in many studies, in the global 
context the world population is increasing. 
Along with this, there will be an increase in the 
need for food and implicitly resources of any 
kind. Also, these resources in turn are 
renewable and non-renewable, both being 
exhaustible at a certain point. 
In this context, we are forced to find or explore 
alternative sustainable edible sources that can 
satisfy human and animal nutritional needs and 
reduce competition in the use of traditional 
ones.  
One such source rich in micronutrients are 
microalgae (Montoya-Arroyo et al., 2022). 
Microalgae represent a group of autotrophic 
microorganisms living in aquatic and terrestrial 
ecosystems and producing organic substances 
by photosynthesis. 
Today the main areas of use of the microalgae 
are biomass production (as a biological 
additive) and the cultivation for isolation of 
their biologically active substances 
(Vyacheslav Dolganyuk et al., 2020). 

Microalgae are considered an alternative to 
unconventional sources of biologically active 
compounds and food supplements for animal 
and human nutrition (Lorenzo Zanella, Fabio 
Vianello, 2020). As a source of proteins, 
polysaccharides, lipids, polyunsaturated fatty 
acids, vitamins, pigments, phycobiliproteins, 
enzymes, etc., plays an antioxidant, antibac-
terial, antiviral, antitumor, regenerative, antihy-
pertensive, neuroprotective, and immune-
stimulant role. Considered one of the greatest 
primary producers of any aquatic habitat, they 
have high growth rates requiring only water, 
nutrients, and carbon dioxide (Salbitani et al., 
2021). 
Therefore, there is a demand for these 
compounds in domains such as medicine, the 
chemical industry, fish farming, the energy 
industry, and agriculture in the production of 
feed and functional foods (Vyacheslav 
Dolganyuk et al., 2020).  
The consumption of omega-3 long-chain 
polyunsaturated fatty acids (n-3 LC-PUFA), 
like eicosapentaenoic acid (EPA, 20:5n-3) and 
docosahexaenoic acid (DHA, 22:6n-3) is 
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associated with the health benefits, healthy, 
balanced diet and well-being (Douglas R. 
Tocher et al., 2019). 
At present, the only commercial source of EPA 
is marine fish oil, a rather unsatisfactory source 
because of problems of contamination, taste, 
odour and stability. In addition, the presence of 
considerable amounts of other PUFAs in the 
fish oil complicates the EPA purification 
process, resulting in high retail prices of the 
pure product These factors have led to 
investigation of alternative EPA sources. 
One such industrially promising species is 
Nannochloropsis sp. with elevated 
photosynthetic efficiency and lipid 
productivity.  
Due to its high lipid content (37-60%), high 
yields of the omega-3 (ω-3), in particular, 
eicosapentaenoic acid (EPA) makes them 
become a candidate for commercial 
applications for human consumption (Salbitani 
et al., 2021). 
An important issue in lipid extraction to 
consider is the selection of the right extraction 
method. In fact, extracting oil from biomass is 
necessary to choose a fully compatible solvent 
or a mixture of solvents (ratio) that will not 
alter its bioactivity.  
The robust and complex cell wall structure of 
microalgae leads to the fact that the lipids are 
trapped in the cytoplasm by cell walls and cell 
membranes, so the lipids from the cells cannot 
be completely extracted, this aspect affecting 
the lipids’ yield. 
Therefore, there are several gaps in choosing 
the extraction method for a specific compound 
from different complex matrices. The robust 
structure of Nannochloropsis sp., requires an 
integrated approach to lipid fraction extraction 
methods. Among other things, this will take 
into account several aspects related to the cell 
structure, the nature of the solvents used, the 
extraction yield and last but not least the 
extraction costs, all of which are raised to a 
scalable level. 
In this context, the paper presents an analysis of 
the literature regarding the impact of the 
extraction methods associated to extraction 
solvents, preceded by cell disruption operations   
on lipid extraction from Nannochloropsis 
species.  
 

MATERIALS AND METHODS 
 
There are several types of extraction 
procedures both time and solvents consuming, 
such as conventional (Soxhlet, Bligh-Dyer and 
Folch). Also, conventional extraction techni-
ques involve the use of organic solvents 
considered as not safe for humans and the 
environment (methanol, chloroform, acetone, 
etc.). 
Therefore, the solvent extraction methods can 
be combined with the ultrasonic crushing 
method, microwave, autoclave, bead milling 
methods and other crushing methods to 
improve the rate of lipid extraction (Corrêa et 
al., 2021; Ren et al., 2021; Alhattab et al., 
2019; D’Hondt et al., 2017; Naghdi et al., 
2016). The solvent extraction methods have the 
advantages of high lipid yield, high lipid 
quality, and easy realization of large-scale 
production. However, usually in the extraction 
methods are used organic solvents which are 
toxic and volatile with a negative impact on all 
ecosystems (Naghdi et al., 2016). In recent 
years there is a demand to reduce the amount of 
solvent used in microalgae lipids extraction and 
also for greener, safer, and more natural 
products that do not require the involvement of 
toxic solvents thus minimizing the environ-
mental impact (Ren et al., 2021; Imbimbo et 
al., 2020; Naghdi et al., 2016). 
The solvents must be chosen depending on the 
compound polarity. The combination of polar 
and non‐polar solvents leads to an increase in 
lipid extraction/recovery. The polar solvents 
have the ability to release the lipids from their 
protein-lipid complexes which facilitate their 
dissolving in the non‐polar solvent (Abimbola 
et al., 2021; Naghdi et al., 2016). The lipid 
extraction/recovery is higher when these 
methods are applied on wet biomass, so the 
polar solvent can penetrate the water layer and 
make the lipids available for non‐polar solvent 
solvation. The best solvent‐free techniques are 
the ones which can be performed on a diverse 
variety of algae with low energy consumption 
and minimum initial set‐up costs for 
infrastructure (Eikani et al., 2018; Naghdi et al., 
2016). 
Despite being well known and often used, 
conventional methods use toxic solvents and 
are not in accordance with environmental and 
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human health concerns (Corrêa et al., 2021). 
Bligh-Dyer and Folch methods are classical 
methods widely used which can be performed 
directly on microalgae because they extract 
lipid from the microalgal cell without the 
additional requirement of cell rupturing (Matos 
et al., 2019; Nagappan et al., 2019, Ranjith et 
al., 2015). The chloroform used in classic 
methods has been shown that is carcinogenic 
and ozone-depleting (Byrne et al., 2016; Chua 
et al., 2017). 
Generally recognized as safety solvents like 
hexane, buthanol, ethanol, ethyl acetate 
(EtOAc), 2-methyl tetrahydrofuran (MeTHF), 
can be used alone or in combination for lipid 
extraction from microalgae by dissolving 
hydrophobic cell membrane components. 
Solvent mixtures like hexane-ethanol (4:1), and 
hexane-isopropanol have been demonstrated to 
be more efficient then using solvents alone, for 
lipid extraction. The alcohols from the mixture 
break the electrostatic forces and a hydrogen 
bond between membrane lipid and associated 
protein, so non-polar component of the solvent 
mixture can enter into the cell, followed by 
neutral lipid extraction (Nagappan et al., 2019; 
Ahmad et al., 2018). 
According to Abimbola et al., 2021, ethanol 
efficiently extracts lipids from algae without 
the need for the cell disruption step. In their 
studies found that hexane extraction recovers 
oil from: N. salina and N. oculata, with about 
60% Fatty acid methyl esters (FAME) content. 
Ethanol extraction method recovers more lipids 
at higher Total solids content (TS). The solvent 
biomass ratio was of 25. Ethanol extraction 
giving higher yields with 23% more recovery at 
20 and 10 wt % TS while about 14% more 
recovery was obtained at 15 wt % TS. 
Dimethyl ether (DME), a green solvent, 
features a high affinity for both water and 
organic compounds with an ability to penetrate 
the cell walls and successfully extract lipids 
from microalgae without the requirement of 
drying the biomass (Wang et al., 2021; 
Nagappan et al., 2019). 
With Soxhlet extraction using n-hexane as 
solvent was obtained a 45% (dw) yield of lipid 
from dried Schizochytrium limacinum and with 
ethanol, extract 48% (dw) lipid from dried 
Synechocystis PCC 6803. With supercritical 
extraction using CO2 and ethanol was obtained 

a 34% (dw) yield of lipid from dried                    
S. limacinum powder. 18.1% (dw) lipid yield 
from dried Chlorella spp. powder was obtained 
using a mixed extraction solvent of methanol: 
ethyl acetate at a volume ratio of 2:1. 
Liquid dimethyl ether (DME) can be used also, 
for the extraction of lipids from microalgae. 
Liquid DME is partially miscible with water 
and has a high affinity for organic compounds. 
Thus, DME is suitable for extraction of lipids 
from wet biomass samples with simultaneous 
dewatering with a 25 mL DME for 8 mL of 
microalgae (Wang et al., 2021) 
Extraction of lipid from microalgae can be 
performed also with water which it is food 
grade chemical, and resistant to auto-oxidation. 
The property of a low boiling point allows easy 
solvent recovery after initial extraction, thereby 
reducing the microalgal lipid extraction cost 
(Nagappan et al., 2019). 
Bernaerts et al., 2020, used as a method of 
vacuum filtration and rotary evaporation using 
hexane: isopropanol (3:2 v/v) for lipid 
extraction from Nannochloropsis sp. 
Herrero et al., 2004, obtained the higher oil 
yield from dried extract of Spirulina sp. using 
water and ethanol as solvents, carried out by 
Accelerated Solvent Extraction system (ASE 
200), the extracted amount increases using 
higher extraction times and/or higher extraction 
temperatures (15 minutes at 170ºC). 
Angles et al, (2017) found that the best solvents 
for lipid extraction were Methyl-tert-butyl ether 
(MTBE) and cyclopentylmethyl ether (CPME). 
They represent alternatives to chlorinated 
solvents or alkanes and they are followed by 
MeTHF and EtOAc, which are green solvents.  
Iovine et al. (2019), used as solvents for 
accelerated solvent extraction by Dionex ASE 
200, hexane and a mixture of chloroform, 
methanol/water (C/M/W) for accelerated 
solvent extraction at 50°C, two cycles of 10 
minutes. Using hexane, the fatty acids obtained 
were 2.83 times higher than fatty acids 
obtained without pre-treatment (mechanical 
pre-treatment using the Planetary ball). 
Sánchez-Camargo et al., 2018 used high-
pressure homogenization (HPH) to break down 
the strong cell wall and supercritical fluid 
extraction (SFE) with pure CO2 was applied as 
a first step to extract valuable compounds (such 
as non-polar lipids and pigments). Extraction of 
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the remaining residue for the recovery of 
bioactive compounds employing pressurized 
liquid extraction (PLE) with green solvents 
such as water and ethanol. Optimum extract 
was achieved with pure ethanol at 170°C for 20 
min. 
Blanco-Llamero et al. (2021) used Pressurized 
Liquid Extraction (PLE), carried out with ASE 
350 DIONEX extractor using 20-25 mL from 
the following solvents: ethanol, 2-MeTHF, and 
different mixtures of hexane: ethanol (3:4), 2-
MeTHF: ethanol (1:3), MTBE: ethanol (1:3), 2-
MeTHF: isopropyl alcohol (1:3), and 2-
MeTHF: isobutanol (1:3), heated to 90, 120, 
and 150°C and static extraction time was 15 
min for each experiment. The mixtures of 
isopropanol, isobutanol, and MTBE produced 
the highest SFA content, ethanol, mixtures of 
2-MeTHF: ethanol, 2-MeTHF: isobutanol, and 
mixtures of hexane: ethanol were the ones with 
higher PUFA content. The authors, also 
optimized the methods using a 1:3 ratio of 2-
MeTHF and ethanol, with good results for the 
extraction of polar lipids with omega-3 PUFAs 
from algal biomass. 2-methyl-THF can be used 
successfully use as hexane substitute in solvent 
mixtures with alcohols when extracting by 
Pressurized Liquid Extraction polar compounds 
from microalgae (N. gaditana, I. galbana,            
T. chuii) being in agreement with green 
chemistry. 
Derwenskus et al. (2019), also use pressurized 
liquid extraction (PLE), performed using 
accelerated solvent extractor (ASE 350). In the 
study they used 5 g of dry (30% w/w) and wet 
algae biomass (Phaeodactylum tricornutum 
UTEX 640 and Chlorella vulgaris), with 
biomass/solvent/water ratio (g/ml/ml) of 1/14/0 
for dry biomass and 1/12/3 for wet biomass. 
Extraction temperatures were chosen between 
50 and 150°C. Static extraction time was set to 
20 min with a rinse volume of 60% and a 
nitrogen purge time of 300 s. The solvents 
used, where the following: ethanol, ethyl 
acetate and hexane. The more suitable 
extraction for triacyl glycerides (TAG) from 
wet biomass of C. vulgaris, was achieved with 
medium‐polar solvents like ethyl acetate. Fatty 
acid yields of above 75% w/w were achieved 
for wet biomass of both microalgae in a single 
extraction step at temperatures of up to 150 °C. 

Park et. Al., 2020, use for dry extraction 1 g of 
N. oceanica and hexane (96%), mixture of 
hexane and methanol (99.6%) (7:3, v/v), and 
mixture of chloroform (99.0%) and methanol 
(7:3, v/v). The total volume of each solvent was 
40 mL. For wet extraction, 1 g of dry 
microalgae was at first mixed with 4 g of 
distilled water having a concentration of 200 
g/L (80% water content). Amount of 5 g of wet 
microalgae was mixed with the solvents 
mention for dry extraction and also the total 
volume of each solvent was 40 mL. The 
samples were stirred at 1,000 rpm for 6 h at 
room temperature, and then distilled water was 
added for separation of the organic solvent 
layer, and after that 4.000 rpm centrifugation 
for 5 min. The best results of microalgae oil 
were obtained with hexane-methanol 
extraction. 
 
CELL DISRUPTION PROCEDURES AND 
ASSOCIETED RESULTS  
 
According to Laura Soto-Sierra et al. (2018), 
for releasing an intracellular compound, a 
disruption treatment is necessary. Preferably, 
one that selectively releases the compound 
using the least possible energy (Figure 1). 
 

 
Figure 1. Levels of cell disruption. From non-disrupted 

(left) to complete cell disruption-lysis (right)  
(LauraSoto-Sierra et al., 2018) 

 
Choosing a cell disruption method (Figure 2) 
may depend on the cell wall structure of the 
sample, compound location, size, solubility, 
and applied energy. Based on the disruption 
force, the methods can be classified as physical 
(drying, sonication, and pulsed electric field), 
mechanical (bead milling, homogenization) and 
chemical/biological (pH shift, enzymes, 
microwave, etc.). 
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Figure 2. Cell disruption methods  

(www. https://encyclopedia.pub/, 2022) 
 

Bead beating includes mechanical stirring and 
grinding that cause disruption to the cell 
(ShunyuYao et al., 2018). Bead mill or bead 
beating are shaking vessels filled with quartz or 
metal, in which microalgae biomass are 
disrupted by agitation, friction, collision and 
grinding, mechanical stirring. Therefore, cells 
are damaged by direct impact with the beads 
(steel, zirconium, glass or ceramic) (LauraSoto-
Sierra et al., 2018) at high speed. Also, the size 
of beads and the bead filling ratio are 
important. For microalgae the optimal beads 
diameter is 0.5 mm (Ashok Ganesan et al., 
2022). 
The disadvantage of this method is referring to 
the difficulty to scale-up (Fabiana Passos, 
2015). 
 
Sonication (Figure 3) is a physical treatment 
based on bubble cavitation by ultrasound waves 
that promote a non-specific cell-surface barrier 
disruption (Jose A.Gerde et al, 2012). The 
ultrasonication method for cell disruption is 
based on liquid-shear forces caused by 
emission of high frequency wave sounds. 
 

 
Figure 3. Cell disruption by sonication  

(ShunyuYao, et al., 2018) 
 

In liquid, these sound waves create gas bubbles 
or cavities that achieve a critical size and 

releasing large amounts of energy; during the 
extraction local temperature increases and 
forms hydroxyl radicals that damage the cell 
wall, and also may produce lipid 
hydroperoxides (Ying Liu, 2022). Sonication is 
able to disrupt (Figure 4) the cells at relatively 
low temperatures avoiding thermal protein 
denaturation. Using this method is low toxicity, 
and time saving and can be scaled-up and 
operated continuously. 
Another possibility for cell disruption 
efficiency is cell weakening by incubation, 
preceding ultrasound extraction procedure 
(ShunyuYao et al., 2018). This consists on the 
dilution of microalgae biomass, obtaining a 
slurry, and incubated at 40°C on a plate, 
continuously stirring, during 24 hours. 
As procedure, the extraction method is directly 
corelated to the microscopic evaluation of cell 
morphology.   
 

 
Figure 4. Cell rupture by ultrasonic treatment in 

Nannochloropsis and Chlorella species 

 
It was observed that ultrasound could change 
the external structure of cell surface. The high 
local temperature and pressure caused by 
collapsing bubbles could lead to the breaking of 
Nannochloropsis cells into small fragments, 
and resulted in release of oil into the liquid 
(Figure 5). 
Nevertheless, the extraction procedure 
involving the organic solvent penetrates the cell 
membrane and dissolves the lipids as well as 
the lipoproteins of chloroplast membranes. It 
has been found that cell disruption efficiency is 
strongly corelated to chlorophyll and 
carotenoids content (Aris Hosikian, 2010).  
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Figure 5. Deformation in cell surface induced by 

ultrasound (Ying Liu et al., 2022) 
 
This aspect can be an important one in reducing 
the actual work time and costs, but also the 
selection of the type of extraction before GC-
MS analysis 
 
CONCLUSIONS 
 
Taken together, our data showed that 
manipulation of photosynthetic pigments, can 
be an item related to the extraction procedure. 
There are several generally recognized as safe 
solvents and green solvents that are used in the 
extraction methods for feed and food, but may 
be used in other components for reducing the 
environmental impact.  
However, the extraction procedure is more 
efficient when is preceded by cell disruption 
technique or cell weakening procedure. is not 
very effective for some microalgae species and 
it is commonly combined with chemical 
treatments for efficiency improvement and to 
reduce energy demand. 
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